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Liposomes are widely applied in research, diagnostics, medicine and in industry. In this study we show for the
ﬁrst time the eﬀect of hydrodynamic cavitation on liposome stability and compare it to the eﬀect of well described chemical, physical and mechanical treatments. Fluorescein loaded giant 1,2-dioleoyl-sn-glycero-3phosphocholine (DOPC) lipid vesicles were treated with hydrodynamic cavitation as promising method in inactivation of biological samples. Hydrodynamic treatment was compared to various chemical, physical and
mechanical stressors such as ionic strength and osmolarity agents (glucose, Na+, Ca2+, and Fe3+), free radicals,
shear stresses (pipetting, vortex mixing, rotational shear stress), high pressure, electroporation, centrifugation,
surface active agents (Triton X-100, ethanol), microwave irradiation, heating, freezing-thawing, ultrasound
(ultrasonic bath, sonotrode). The ﬂuorescence intensity of individual ﬂuorescein loaded lipid vesicles was
measured with confocal laser microscopy. The distribution of lipid vesicle size, vesicle ﬂuorescence intensity,
and the number of ﬂuorescein loaded vesicles was determined before and after treatment with diﬀerent stressors.
The diﬀerent environmental stressors were ranked in order of their relative eﬀect on liposome ﬂuorescein release. Of all tested chemical, physical and mechanical treatments for stability of lipid vesicles, the most detrimental eﬀect on vesicles stability had hydrodynamic cavitation, vortex mixing with glass beads and ultrasound.
Here we showed, for the ﬁrst time that hydrodynamic cavitation was among the most eﬀective physico-chemical
treatments in destroying lipid vesicles. This work provides a benchmark for lipid vesicle robustness to a variety
of diﬀerent physico-chemical and mechanical parameters important in lipid vesicle preparation and application.

1. Introduction
A liposome or lipid vesicle is a lipid bilayer rolled up into a spherical
shell with enclosed liquid within shell, which is separated from the
outer (surrounding) liquid solution. Because of this fundamental similarity to the biological cell membrane, lipid vesicles have been used
extensively as model systems to study properties and stability of lipid
bilayers to diﬀerent physico-chemical or biochemical parameters [1–5].
Lipid bilayer integrity is one of the main criteria to distinguish between
viable and dead cells. If cell membrane is compromised, the essential
cellular components leak out which results in cell death [6]. To assess
bacteria viability, the membrane impermeable ﬂuorescent dyes are
regularly used (i.e. propidium iodide) [7–10]. Normally cell membranes are impermeable to a charged dye propidium iodide. However, if
cell membrane is compromised, propidium iodide can enter into the cell

and intercalate with DNA which increases its ﬂuorescence quantum
yield [10]. Consequently, dead cells become ﬂuorescent and can be
distinguished from live cells with intact membranes, which are impermeable to propidium iodide [9]. In this work we have reversed the
logic and packed ﬂuorescence dye ﬂuorescein inside the lipid vesicle
and measured its leakage to the surrounding media upon hydrodynamic
cavitation and other diﬀerent physico-chemical treatments.
There are numerous protocols to make lipid vesicles of diﬀerent
size, lamellarity and composition reviewed by Laouini et al. [11]. Liposomes are classiﬁed according to vesicular size and lamellar structure
as small unilamellar vesicles (20–40 nm), medium (40–80 nm), large
(100–1000 nm) or giant (> 1000 nm) vesicles [12]. Oligolamellar vesicles are made from 2 to 10 bilayers, whereas multilamellar vesicles
have several bilayers. Intrinsically the stability of lipid vesicles is dependent on curvature elastic free energy. Using model membranes, two

Abbreviations: DOPC, 1,2-dioleoyl-sn-glycero-3-phosphocholine; GUV, giant unilamellar vesicles; HC, hydrodynamic cavitation; DIC, diﬀerential interference
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(phospholipid bilayers) are exposed. Results indicate high potency of
hydrodynamic cavitation for lipid vesicle destruction. This work provides a benchmark for lipid vesicle sensitivity to hydrodynamic cavitation treatment and to a variety of diﬀerent physico-chemical parameters.

instabilities could be observed: rupture and buckling. The former can be
seen during pore formation and fragmentation, as a result of local
perturbations of lipid organization [13], the latter gives rise to membrane bending or folding due to leaﬂet asymmetry or membrane tension
modiﬁcations [14,15]. Generally, more curved the lipid vesicle, easier
it is to fuse or break. This suggests that large or giant lipid vesicles
should be more stable than smaller vesicles. Although the total curvature elastic free energy for a spherical liposome is the same for every
size of sphere, its free energy for unit lipid is much higher for smaller
vesicles. As the number of lipids in the vesicle decreases with smaller
vesicles, the curvature free energy per lipid scales as R2. This explains
why supported lipid bilayers are made from unstable small vesicles
rather than the other way around [16].
In spite of their great inherent stability, lipid vesicles constantly
undergo remodelling, fusion, pore formation, and various means of
lipid exchange [17–19]. The long-term stability of lipid vesicles can be
dramatically aﬀected by lipid acyl chain saturation. For example, saturated lipids are more resistant to oxidation than monounsaturated,
which in turn are more stable compared to polyunsaturated lipids [20].
Lipid vesicles may be further destabilized by hydrolytic degradation.
The lipid hydrolysis is dependent on several key factors including pH
[21,22], temperature [22], buﬀer species [23,24], ionic strength
[25,26], acyl chain length [27,28], headgroup composition [29] or
state of the aggregation [30]. A major challenge to lipid vesicle stability
is also mechanical stress, i.e. ultrasound [31], oscillating electric ﬁeld
[32,33], static pressure [34] and shock waves [35]. Due to their amphipathic nature lipid vesicles integrity can be easily compromised by
the addition of surface-active molecules. Amphipathic compounds increase permeability of lipid vesicles by intercalating into lipid bilayer,
which at concentrations higher than critical micellar concentrations,
leads to disruption and solubilisation of lipid bilayer [36,37].
Although lipid vesicles can be destroyed in many ways, destruction
of lipid vesicles with hydrodynamic cavitation (HC) has not been
exploited yet. Cavitation occurs when small vapour bubbles are formed
in liquid. Bubbles are triggered by sudden local decrease in pressure
[38]. During pressure change, the bubble violently collapses and possibly rebounds, therefore extreme conditions near proximity of the
bubble are likely to occur. It has been reported that extreme high
temperatures (several 1000 K [39]) microjet formation (with ﬂuid velocity up to 100 m/s [40]), pressure waves shocks (up to 100 MPa [41]),
and formation of highly reactive radicals [42] may occur during bubble
collapse. Due to its properties hydrodynamic cavitation has been used
as the promising new treatment for bacterial inactivation [43–47]. The
exact mechanism of bacteria inactivation, however, is still unknown
[48]. The extreme conditions during collapse of the bubbles could have
eﬀect on bacterial cells, including the cell membrane. It is generally
assumed that bacteria die because of membrane disruption [44,49,50].
Here, we report about the signiﬁcant eﬀect of hydrodynamic cavitation
on model membrane leakage and stability.
To check the eﬀect of hydrodynamic cavitation we have used giant
lipid vesicles which are intrinsically more stable to breakage and better
resist pore formation or fusion compared to smaller vesicles. We have
focused the study on DOPC giant unilamellar lipid vesicles. The DOPC
contains monounsaturated oleic acid (18:1, cis-9) and has often been
used as a model lipid bilayer system [51–56]. The lumen of the vesicles
was labelled with membrane impermeable ﬂuorescent marker ﬂuorescein. In the event of bilayer damage, the leakage of ﬂuorescent
marker is expected. We have employed a new ﬂuorescence microscopy
method to measure the ﬂuorescence intensity of individual lipid vesicle
loaded with ﬂuorescein. The ﬂuorescence intensity of the individual
lipid vesicles was measured to determine the distribution of lipid vesicle size, shape, and dynamic response to hydrodynamic cavitation
treatment and other physico-chemical stressors. Hydrodynamic cavitation was selected as a promising novel unexploited method in biological samples disruption, while other physico-chemical stressors have
been selected to represent common challenges, to which lipid vesicles

2. Materials and methods
2.1. Preparation of giant unilamellar lipid vesicles (GUV)
Giant DOPC unilamellar lipid vesicles were prepared as described
by Moscho et al. [57]. By applying rapid evaporation method, the
procedure allows the formation of preferentially unilamellar giant lipid
vesicle. Shortly, DOPC was dissolved in chloroform to a concentration
of 0.1 M. Then 115 µL of lipid solution was transferred into 250 mL
round bottom ﬂask containing 5.6 mL chloroform and 572 µL of methanol. Next, 40 mL of buﬀer solution (10 mM HEPES buﬀer, pH = 7.4)
with added ﬂuorescein sodium salt - ThermoFisher Scientiﬁc, USA
(375 mg/mL) was carefully added along the ﬂask walls to lipid solution.
Organic solvent was removed with rotary evaporator (Büchi Rotavapor
R-134, Büchi Waterbath B-480, Büchi Vacuum Controller V-850, Büchi
Vacuum pump V-700) at 40 rpm under reduced pressure (ﬁnal pressure
55 mbar, volume ﬂow rate 1.8 m3/h) in a water bath with temperature
set at 40 °C. Around evaporation point of chloroform and methanol we
slowly reduced pressure in 5 mbar increments to obtain gentle boiling
point of solution. After reaching ﬁnal pressure of 55 mbar, we let solution to stay at that pressure for 2 min. In the next step, we separated
vesicle fraction from the aqueous solution and excess ﬂuorescein with
centrifuging at 15700 × g for 10 min. Lipid vesicles in the pellet were
resuspended in 40 mL 10 mM HEPS buﬀer. We repeated lipid vesicle
washing three times, and after the third time vesicles were concentrated
into 5 mL HEPES buﬀer. For all lipid vesicle stability experiments vesicles were prepared freshly. Lipid vesicle size was determined with DIC
and ﬂuorescence microscopy. As demonstrated by Moscho et al. [57]
the method enables a simple, fast and eﬀective method for the production of preferentially giant unilamellar DOPC lipid vesicles.
2.2. Stability of lipid vesicles
Giant DOPC lipid vesicles were exposed to diﬀerent chemical,
physical and mechanical stresses. For the stability experiments the
concentration of GUV were between 106 and 107 vesicles/mL. Lipid
vesicles were exposed to diﬀerent stress exposure times up to 60 min.
All reagents were prepared and diluted in 10 mM HEPES buﬀer solution. All experiments (except heating, freezing, and hydrostatic pressure) were made under ambient conditions (room temperature, ambient
air pressure). The following conditions with intention to compromise
GUV stability were tested:
a) Hydrodynamic cavitation: HC was obtained with circular Venturi
restriction tube, which was made from acrylic plastic with restriction hole diameter of 0.6 mm (technical drawing of venturi restriction is represented in Supplementary Fig. S21). 5 mL of sample
was pushed through Venturi restriction from one syringe to another
in 0.3 s, leading to the average velocity in the order of 50 m/s inside
the Venturi. Despite the limitations, which were raised by Šarc et al.
[58], we still estimated the value of cavitation number, which may
be useful for reference and guidance, especially in the case of upscaling. Considering the downstream pressure, the vapor pressure at
22 °C and the ﬂow velocity inside the restriction tube, the cavitation
number of σ = 0.93 can be determined. This is close, but still above
the limit of chocked ﬂow, which occurs at σ = 0.045. We pushed
sample though restriction 100 times.
b) Ultrasonic treatment: 800 µL of GUV solution was put into 1.5 mL
microtubes and sonicated with ultrasonic horn probe type (MSE
150 W Ultrasonic disintegrator Mk2, exponential probe 1/8″ –
2
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3 mm) at nominal frequency of 20 kHz and at diﬀerent amplitudes
(3 µm, 6 µm, 9 µm, 12 µm, 15 µm, 18 µm, 21 µm) for 5 s. Horn was
immersed into solution approximately 1/3 of whole sample volume.
Samples were kept in cold ice water.
Solubilization of lipid vesicles with Triton X-100: 9 µL of ﬂuorescein
loaded GUV solution was put on microscope slide and mixed with
1 µL of appropriate Triton X-100 solution (ﬁnal concentrations of
Triton X-100: 0.03, 0.05, 0.11, 0.21, 0.43, 0.85, and 1.7 mM).
Samples were incubated at room temperature for up to 10 min.
Changing osmolarity of the lipid vesicle solution: 9 µL of ﬂuorescein
loaded GUV solution was put on microscope slide and mixed with
1 µL of appropriate glucose solution (ﬁnal concentrations of glucose: 0.3, 0.6, 1.2, 2.5, and 5% (w/v)). Samples were incubated at
room temperature for up to 10 min and observed with ﬂuorescence
microscopy.
Addition of ethanol: 9 µL of ﬂuorescein loaded GUV solution was
put on microscope slide and mixed with 1 µL ethanol solution (ﬁnal
concentrations of ethanol: 1.2%, 2.5%, 5% and 10%), incubated for
up to 10 min and observed with ﬂuorescence microscopy.
Changing ionic strength: 9 µL of ﬂuorescein loaded GUV solution
was put on microscope slide and mixed with 1 µL of NaCl, CaCl2 or
FeCl3 solution (ﬁnal concentrations of NaCl: 1, 10 and 100 mM;
CaCl2: 0.1, 1, 10, and 100 mM; FeCl3: 0.01, 0.1, 1, 10, and 100 mM).
Lipid vesicles were incubated for up to 10 min and observed with
ﬂuorescence microscopy.
Changing pH: 1.2 mL ﬂuorescein loaded GUV solution was put into
15 mL centrifuge tube and pH was adjusted with 0.4 M HCl or NaOH
in the range from pH 2 to 12. As the volumes of added HCl or NaOH
were small we did not correct for the solution of the lipid vesicles.
Lipid vesicles were incubated for up to 10 min and observed with
ﬂuorescence microscopy.
Fenton reaction: 16 µL of ﬂuorescein loaded GUV solution was put
into 1.5 mL microtubes and mixed with 2 µL of H2O2 and 2 µL FeSO4
solutions with a molar ratio 1:1, ﬁnal concentrations of H2O2 and
FeSO4 were 0.25, 0.5, 1, 2.5, and 5 mM. Samples were incubated in
microtubes at room temperature for approximately 10 min. Next,
lipid vesicles were observed with ﬂuorescence microscopy.
Vortex mixing: 100 µL of ﬂuorescein loaded GUV solution was put
into 1.5 mL microtubes and mixed with vortex mixer (IKA MS 3
digital) for 4 min at diﬀerent rotary speeds: 1000, 2000, and
3000 rpm. Microtube was held in upright position during vortex
mixing. Lipid vesicles were immediately observed with ﬂuorescence
microscopy. In addition, we have vortex mixed samples with
1.5 mm silica beads. To 100 µL of ﬂuorescein loaded GUV solution
in 1.5 mL microtubes 0.1 g of silica beads were added and vortexed
at diﬀerent rotary speeds: 1000, 2000, and 3000 rpm for 4 min.
Pipetting: 100 µL of ﬂuorescein loaded GUV suspension was put into
1.5 mL microtubes and 70 µL of sample was repeatedly pipetted
with automatic pipette for 100, 500, and 1000 times. Next, lipid
vesicles were observed with ﬂuorescence microscopy.
Heating: 100 µL of ﬂuorescein loaded GUV suspension was transferred into 1.5 mL microtubes and put into preheated thermoblock
heater (Stuart SBH130DC). We incubated samples in a thermoblock
for 10 min and cool them down prior to ﬂuorescence microscopy.
Lipid vesicle stability was tested at 40, 60, 80, and 100 °C. For long
term stability vesicles were stored at room temperature in the dark.
Cooling: 100 µL of ﬂuorescein loaded GUV suspension was transferred into 1.5 mL microtubes and put into cold room (4 °C) or
frozen at −18 °C and −80 °C. Samples were frozen for approximately 1 h, thawed in hot water (~50 °C), and cooled to room
temperature prior to microscopy observation.
Electroporation: 100 µL of ﬂuorescein loaded GUV suspension was
put into electroporation cuvette with 1 mm gap and transferred into
electroporator (Eppendorf 2510). Samples were tested at diﬀerent
electric potential: 800, 1100, 1400, 1700, 2000, 2300, and 2500 V.
Discharge time constant was 5 ms with 3.3 kOhm sample

n)

o)

p)

q)

r)

impedance. Lipid vesicles were immediately observed with ﬂuorescence microscopy.
Microwave: 100 µL of ﬂuorescein loaded GUV suspension was
transferred into 1.5 mL microtubes, put into microwave (Daewoo
KOR-6185, frequency: 2450 MHz) and heated for 1 min at diﬀerent
output powers (472 W, 623 W and 800 W). After heating, samples
were cooled down to room temperature.
Shear rate treatment on rheometer: Shear rate experiments were
performed on a rotational rheometer Physica MCR 302 (Anton Paar,
Graz, Austria) at (25.00 ± 0.01) °C. 70 µL of lipid vesicle suspension was applied to a cone-plate measuring system (CP25) to ensure
a constant shear rate within the entire shear gap. The samples were
sheared at 2000, 6000, 10000, 14000 and 18500 s−1 for 2 min.
After shear treatment, lipid vesicles were immediately observed
with ﬂuorescence microscopy.
Hydrostatic pressure: Specially designed mechanical test rig was
made to test static hydrostatic pressure in small liquid volumes. The
test chamber was made from stainless-steel rod with hole of 5 mm
H5 diameter and 60 mm length. On top of the chamber was piston
with diameter of 5 mm H5 which provided displacement to create
hydrostatic pressure. Piston had rubber O-ring ϕ5/ϕ1 mm to prevent leakage. Test rig is constructed out of leverage bar and test
chamber mounting. Leverage bar was properly weighted to get
desired pressure. Drawings of the test rig are presented in
Supplementary Fig. S20. We put approximately 900 µL of sample
into the testing chamber. Piston was pushed into the chamber to let
air and excessive ﬂuid out to obtain same tested volume (working
volume was approximately 800 µL). After mounting test chamber
into the testing rig, high pressure was applied for 5 min. Applied
pressures were: 300, 600, 900, 1200, 1500 and 1800 bar.
Ultrasonic cleaning bath: 100 µL of ﬂuorescein loaded GUV suspension was transferred into 1.5 mL microtubes and secured into
microcentrifuge ﬂoating rack. Ultrasonic cleaning bath (ASonic
PRO MED 50, Ultrasonic power: 120 W) was ﬁlled with water
(water temperature was approx. 21 °C) and samples in ﬂoating rack
were put into ultrasonic bath. Device has diﬀerent operating modes
– soft and normal modes. Operating frequency was 40 kHz. Samples
were sonicated 5 s and 60 s at both operating modes (soft and
normal mode). During the sonication, water temperature didn’t
surpass 25 °C during experiments.
Centrifugation: 100 µL of ﬂuorescein loaded GUV suspension was
transferred into 1.5 mL microtubes and centrifuged in centrifuge
(Eppendorf Centrifuge 5424) for 10 min at diﬀerent G-forces
(10000 × g, 15700 × g, 20000 × g). Before we put sample on microscope slide, we mixed sample with vortex mixer for 10 s at
3000 rpm.

2.3. Stability of ﬂuorescein sodium salt
For all tested conditions, we have checked the stability of ﬂuorescein molecule ﬂuorescence intensity. Fluorescein solution (375 mg/
mL) in HEPES buﬀer was treated the same way as described in section
above except that lipids were not added. After treatment, 300 µL of
sample was put into 96-wall black microtiter plate with clear bottom.
Fluorescence intensity was measured with microplate reader (BioTek
Instruments, Inc., Cytation 3, excitation: 500 nm, emission: 530 nm,
gain: 50) and compared to the untreated control. Except for the low pH
treatment, no decay of ﬂuorescence intensity was observed.
We also tested stability of sodium ﬂuorescein during storage at room
temperature in dark. 5 mL of ﬂuorescein solution (375 mg/mL) in
HEPES buﬀer was stored in 15 mL centrifuge tubes. Every 3–4 days,
300 µL of sample was put into 96-wall black microtiter plate with clear
bottom and measured ﬂuorescence. Fluorescence intensity was measured with microplate reader (BioTek Instruments, Inc., Cytation 3,
excitation: 500 nm, emission: 530 nm, gain: 50).
3
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2.4. Fluorescence microscopy
The samples with ﬂuorescein loaded giant unilamellar vesicles were
visualized on ﬂuorescence microscope Zeiss Axio Observer Z1 equipped
with confocal unit LSM 800. Samples were prepared for microscopy
with the following procedure: all samples were ﬁrst vortex mixed for 5 s
(at 3000 rpm), then 10 µL of untreated or treated sample was put on
microscope slides, covered with 20 × 20 mm cover glass and sealed
with VALAP vax (vaseline, lanolin, paraﬃn). Microscopic images were
taken on 20x/0.4NA objective with 488 nm laser at 0.48% laser intensity. Pinhole was set to 100 µm (1.9 Airy Units ~11.3 µm thick
section). Emission range was set 400–647 nm. Image acquisition mode
was tiles imaging (2 × 2 tiles) on 5 random places on microscopic glass
(on each corner of cover glass and one in the centre of sample). Single
(2 × 2 tiled) image covered 1213.9 × 1213.9 µm of sample area.
Acquired image frame size was 1024 × 1024 pixel. Pixel dwell time
was 0.76 µsec, scan time 1.86 sec (scan speed was 8, averaging was set
on number 2, digital magniﬁcation 0,5×).

Total Ňuorescence
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2.5. Analysis of microscopic images

Fig. 1. GUV stability of DOPC at room temperature, stored in dark. Blue line
represents an exponential decay function ﬁtted to the normalized total ﬂuorescence of ﬂuorescein loaded vesicles during storage. Grey dashed lines represent 95% conﬁdential interval (n = 3). (For interpretation of the references
to colour in this ﬁgure legend, the reader is referred to the web version of this
article.)

Microscopic images were analysed with ImageJ 1.52i software. We
set threshold to discriminate lipid vesicles from the background of the
images and analysed with Particle analyser (set parameters:
size = 4–100, circularity = 0.50–1.00). We obtained vesicle area and
mean vesicle ﬂuorescence intensity.

normalized results with the exponential decay function (ExpDec1
function).

2.6. Calculation of lipid vesicle parameters
To obtain ﬂuorescence intensity of the individual vesicle the following corrections were performed: (i) ﬂuorescence intensity of HEPES
buﬀer was subtracted from mean ﬂuorescence intensity of each vesicle,
(ii) the background was further reduced by subtracting the image
background value as obtained by “subtract background” function of
ImageJ. As this value represents the background of the whole optical
section void of vesicles, we have weighted its contribution relative to
the thickness of space in z-direction not occupied by the vesicle. For
example, the obtained ﬂuorescence intensity of vesicle with 6 µm diameter in an image of 10 μm optical thickness has two contributions:
ﬂuorescence from background that originates from 4 µm thick void
space and ﬂuorescence from 6 µm thick vesicle, therefore 40% of
background ﬂuorescence value obtained from the background void of
vesicles was included in vesicle ﬂuorescence intensity correction. The
vesicle diameter was calculated from vesicle area, by assuming the
spherical shape of the vesicle. To obtain ﬂuorescence intensity per unit
volume, the ﬂuorescence intensity of the vesicle was normalized by
vesicle diameter. In the results the diameter normalized ﬂuorescence
intensity was calculated as an average over all vesicles and is presented
as an average vesicle ﬂuorescence. To calculate ﬂuorescein amount per
vesicle the diameter normalized ﬂuorescence intensity was multiplied
by vesicle volume. The total ﬂuorescence for vesicles, as shown in the
results, was obtained by summing ﬂuorescence intensity of the individual vesicles.
The acquired confocal microscopic images had an optical slice
thickness of 11.3 µm, thus only vesicles with diameters 11.3 µm or less
(~98% of all vesicles) were included in the analysis. The vesicles with
diameters < 2.4 µm were indistinguishable from the noise and were
thus not included in the analysis. All results are represented relative to
the untreated samples (controls).

3. Results
The long-term stability of DOPC giant unilamellar vesicles (GUV)
loaded with ﬂuorescein stored in the dark at room temperature is given
in Fig. 1. The total ﬂuorescence decreased exponentially. The average
decay time, the time when the initial ﬂuorescence decreased to 1/e was
(31.5 ± 8.5) days. Fluorescence intensity of the control ﬂuorescein
solution after 110 days of storage did not decrease signiﬁcantly suggesting that the decrease of ﬂuorescence intensity in GUV was not due
to ﬂuorescein decay. All the experiments on lipid vesicle stability were
done on freshly prepared GUV and the duration of experiment with
various physico-chemical stressors did not exceed 60 min. We therefore
assumed that leakage and decay of ﬂuorescein from untreated GUV was
negligible. To compare the eﬀect of diﬀerent physico-chemical stressors
on lipid vesicle stability all the results were normalized to the ﬂuorescence intensity of the non-treated control GUV samples.
Hydrodynamic cavitation (HC) was recently introduced as method
of choice to destroy bacteria [33–36]. Here we have tested for the ﬁrst
time the eﬀect of HC on giant lipid vesicles as a model system for
bacterial lipid bilayers. We have designed a new small volume hydrodynamic device (Supplementary Fig. S21) with Venturi restriction. The
stability of GUV lipid vesicles treated with HC is shown in Fig. 2. A
polydisperse distribution of vesicle size was observed before HC treatment. After 100 passes through Venturi restriction, only few small sized
GUVs remained. The increase of background ﬂuorescence, due to the
leakage of ﬂuorescein to the surrounding, was not measurable on
ﬂuorescent micrographs as it was below the detection limit of the microscope.
To further characterize the eﬀect of HC on lipid vesicles, we analysed the individual lipid vesicles on microscopic images. The total
ﬂuorescence intensity, vesicle number, vesicle volume and vesicle
ﬂuorescence intensity of GUV relative to the untreated control sample
are given in Fig. 3A. The results show that after 100 passes, the average
lipid vesicles number, volume and total ﬂuorescence intensity signiﬁcantly decreased. Reduction in vesicle diameter is presented in
Fig. 3B, where can be seen shift of vesicle size distribution toward

2.7. Data ﬁtting
Results for long-term stability of ﬂuorescein loaded GUV at room
temperature in the dark over time were statistically analysed with
Origin software. Each independent sample ﬂuorescence intensity was
ﬁrst normalized to the initial state (day 0), next we ﬁtted the
4
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Fig. 2. Fluorescence microscopic images of DOPC
vesicles labelled with ﬂuorescein before (A) and after
hydrodynamic cavitation treatment − 100 passes
(B). Yellow objects represent ﬂuorescein labelled
vesicles of diﬀerent sizes. Arrows in panel B indicate
few small sized lipid vesicles that remained after
hydrodynamic cavitation treatment. (For interpretation of the references to colour in this ﬁgure legend,
the reader is referred to the web version of this article.)

Compared to the untreated control ~40% of ﬂuorescein leaked out of
lipid vesicles treated with 5% (w/v) glucose. Vesicles treated with 10%
ethanol or 100 mM NaCl and CaCl2 leaked even more ﬂuorescein. Most
of the GUV were disrupted upon addition of 100 mM FeCl3. When we
induced free radical formation with Fenton reaction by mixing 2.5 mM
FeSO4 with 2.5 mM H2O2 lipid vesicles disintegrated instantly. The
addition of either 2.5 mM FeSO4 or 2.5 mM H2O2 to the GUV did not
cause lipid vesicle disintegration (Supplementary Fig. S6).
It is surprising that the addition of 100 mM Fe3+ ions had such a
dramatic eﬀect on GUV stability, in particular when compared to the
addition of monovalent and divalent cations. It is known that the addition of ferric iron induces water hydrolysis and may signiﬁcantly
decrease pH [60]. The pH of 100 mM FeCl3 solution was 1.9. This is
very low and may have an eﬀect on zwitterionic DOPC vesicles and
ﬂuorescence intensity of ﬂuorescein marker [61,62]. To check this, we
have measured ﬂuorescein stability at diﬀerent pH values. In
Supplementary Fig. S7 we show that ﬂuorescein is stable above pH 7.4,
however at low pH ﬂuorescein molecule decays. We have also changed
the pH of lipid vesicle suspension. The results for total ﬂuorescence are
given only for pH 7.4 or higher (Supplementary Fig. S8). DOPC vesicles
were most stable at pH 7.4. Increasing pH decreased the amount of total
ﬂuorescence in the vesicles as well as the number of ﬂuorescein vesicles. The eﬀect of low pH has been tested with DIC microscopy. We
have observed a signiﬁcant decrease of the number of lipid vesicles
which suggest that also low pH has a signiﬁcant eﬀect on DOPC lipid
GUV stability.
Solubilization of GUV with Triton X-100 is given in Supplementary
Fig. S9. At low concentrations of Triton X-100, below the critical micellar concentration, the addition of detergent did not signiﬁcantly

smaller vesicles size. There was small, but signiﬁcant fraction of lipid
vesicles that resist the hydrodynamic treatment. The average vesicle
ﬂuorescence intensity of the remaining vesicles did not change signiﬁcantly relative to the untreated vesicles.
Cavitation bubbles can also be generated with propagation of
acoustic waves through the liquid medium [59]. Application of low
amplitude (3 µm) ultrasound did not cause a major leak of ﬂuorescein
from the GUV (Fig. 4). With increasing amplitude, however, the total
ﬂuorescence decreases exponentially. At 12 µm amplitude the majority
of GUV were empty of ﬂuorescein or destroyed. As given in Fig. 4 the
number of GUV, the average volume of the remaining ﬂuorescein labelled GUV, as well as the average liposome ﬂuorescence decreased
with increasing ultrasound amplitude. This indicates a disruption of the
giant lipid vesicles at high amplitude treatments. The size distribution
analysis of lipid vesicles (Fig. 4E) suggests that with increasing ultrasound amplitude the size distribution of GUV moved towards smaller
sized vesicles. Consistently, the number of GUV independently determined by DIC microscopy also decreased. The decrease of the
number of vesicles determined with DIC correlated with the number of
lipid vesicles determined by ﬂuorescence. This implies that the decrease
of the total ﬂuorescence intensity in GUV was mainly due to vesicle
disintegration. Compared to ultrasound applied by sonotrode, lipid
vesicles treated with ultrasonic bath showed less eﬀect on vesicles integrity (Supplementary Fig. S1). Increasing power output of the ultrasonic bath had similar eﬀect to increasing amplitude of sonotrode.
The eﬀects of diﬀerent chemistry on GUV stability are given in
Fig. 5. Only the highest concentrations used are shown in Fig. 5. The
eﬀect of other concentrations are given in Supplementary material (Fig.
S2 – S6). Lipid vesicles were not resistant to osmolarity change.

Fig. 3. Treatment of DOPC GUV with hydrodynamic cavitation. Panel A shows relative values of total ﬂuorescence, the average vesicle number, vesicle volume and
vesicle ﬂuorescence relative to the untreated control, which is represented by dashed line (—). Panel B shows size distribution of individual ﬂuorescein loaded
vesicles during the hydrodynamic cavitation treatment. Average values and standard error are given in panel A (n = 5).
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Fig. 4. The eﬀect of diﬀerent ultrasound amplitude on the total ﬂuorescence of vesicles (A), relative number of ﬂuorescein loaded vesicles (B), the average volume of
the remaining vesicles (C), the average vesicle ﬂuorescence of the remaining vesicles (D), and the vesicle size distribution at diﬀerent amplitudes of ultrasound (E).
The results in A–D represent the total ﬂuorescence of vesicles, average number, volume and vesicle ﬂuorescence relative to the untreated control, represented by
value of 1. The average values and standard errors (n = 4) are given for A-D.

volume and average vesicle ﬂuorescence did not change, but the
number of vesicles increased (Supplementary Fig. S11), it is likely that
during vortexing more lipid vesicles were resuspended compared to the
untreated control lipid vesicle suspension. If shear stress during vortexing was further increased by adding glass beads, vesicles were destroyed (Supplementary Fig. S12). We also applied rotational shear
stress on lipid vesicle solution with rotational rheometer up to shear
rate of 18500 s−1. Although this is considered to be a high shear rate,
no signiﬁcant eﬀect on vesicle integrity was observed (Supplementary
Fig. S13).
The electroporation had a strong eﬀect on vesicle integrity and
signiﬁcantly decreased the total ﬂuorescence and the number of vesicles. As given in Supplementary Fig. S14 the eﬀect on vesicle volume,
and average vesicle ﬂuorescence was less pronounced. Increased temperature decreased lipid vesicle integrity only at temperatures above
80 °C. Similarly freeze-thawing decreased the total ﬂuorescence and
volume but has less eﬀect on the number and average vesicle ﬂuorescence (Supplementary Fig. S15). The eﬀect of static pressure on lipid

compromised lipid vesicle stability. However, with increasing detergent
concentration vesicles were progressively disrupted. At ﬁrst the volume
of lipid vesicles increased compared to untreated vesicles, most notably
at 0.85 mM Triton X-100. The number of remaining lipid vesicles above
the critical micellar concentration decreased drastically. We have observed that Triton X-100 ﬁrst solubilized small sized GUV followed by
disruption of larger vesicles at higher detergent concentrations
(Supplementary Fig. S9E).
In addition to chemical stressors the GUV were exposed to diﬀerent
mechanical treatments as well (Fig. 6). Only the eﬀect of the largest
magnitude for a given stressor is given in Fig. 6. The eﬀects for lower
magnitudes are given in the Supplementary information. Pipetting lipid
vesicle suspension several times had little eﬀect on lipid integrity. If the
number of pipetting was increased to unrealistically high number, i.e.
500 times or higher (Supplementary Fig. S10), small eﬀect on lipid
stability was observed. On the other hand, when shear stress was increased by vortexing, surprisingly, the total ﬂuorescence increased relative to the untreated control. Since the relative average vesicle
6
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Fig. 5. The eﬀect of diﬀerent chemical treatments on DOPC integrity. The relative total ﬂuorescence intensity is normalized relative to control untreated samples.
Average values and standard errors are given (n = 4 or 5).

decreased average vesicle ﬂuorescence. One of the most frequently used
technique in the laboratory is centrifugation. The results of centrifugation on vesicle stability are given in Supplementary Fig. S18.
With increasing g force lipid vesicles progressively leaked more. However, the eﬀect of centrifugation was moderate.
The 3D comparison of lipid vesicle stability to diﬀerent physicochemical and mechanical forces relative to the untreated lipid vesicles

stability is given in Supplementary Fig. S16, where it can be seen that
vesicles are fairly stable to high pressures. Vesicle destruction can only
be seen at pressures higher than 1200 bar. The eﬀect of microwave
treatment is given in Supplementary Fig. S17. The results suggest that
microwaves induce leakage of ﬂuorescein from the vesicles. The eﬀect
was dependent on the microwave output power. Microwaves did not
have an eﬀect on the number and volume of vesicles, but signiﬁcantly

Fig. 6. DOPC vesicle integrity upon diﬀerent mechanical and physical treatments of vesicles. The relative total ﬂuorescence intensity after treatment compared to
ﬂuorescence intensity before treatment. Standard errors are given (n = 4). Shown parameters from left to right: vortex mixing (3000 rpm, 4 min), pipetting (100x),
microwave irradiation (output power 800 W), centrifugation (20000×g, 10 min), heating (80 °C), high pressure (1800 bar), ultrasonic bath (40 kHz, 5 s) freezingthawing (−80 °C), electroporation (1700 V), ultrasonication with sonotrode (9 µm amplitude, 5 s), vortex mixing with beads (3000 rpm, 4 min), hydrodynamic
cavitation (100 passes).
7
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longer timescale and grow to a critical size that leads to disintegration
of lipid vesicle into several fragments that reassemble into smaller vesicles (e.g. shear stress). Lipid vesicle may buckle by shear stress and
fragment to smaller vesicles. The ultimate disruption of lipid vesicles is
solubilisation with surface active molecules (e.g. Triton X-100).
Depending on the physico-chemical treatment, diﬀerent combinations
of the above-mentioned processes may occur in lipid vesicles disruption.
The results of this study indicate that all treatments tested had an
eﬀect on lipid stability either by decreasing lipid vesicle number, volume, ﬂuorescence intensity or a combination of these parameters. The
eﬀect of salts, solvents, surface active agents, free radicals, temperature,
and pressure on lipid vesicle stability have been well documented in the
literature. Because our results do not deviate strongly from the published data they will not be further discussed. Much less, however, is
known about the eﬀect of high shear stress, centrifugation, vortex
mixing, microwaves or hydrodynamic cavitation. The eﬀect of shear
stress was strongly dependent on the treatment applied. For example,
pipetting had a negligible eﬀect on lipid vesicle stability unless repeated at unrealistically high numbers. Lipid vesicles were stable in the
shear rate range from 0 to 18500 s−1 on rotational rheometer. It has
been demonstrated for the dilute and semi dilute regime that the
rheological behaviour of small unilamellar DMPC bilayer vesicles is
similar to that of a hard-sphere dispersion [63]. Although the tested
shear rate range was rather large the results suggest that lipid vesicles
do not deform suﬃciently to allow for ﬂuorescein leakage. Pal and
Khakhar [64] showed size reduction of liposomes during constant shear
stress (4000 s−1) only after 6 h of applied shear stress. The proposed
mechanism behind vesicle size reduction was deformation and rupture
of vesicles above the critical diameter into smaller sized vesicles. They
suggested that the breakage process was stochastic, since not all vesicles larger than critical diameter did not rupture.
The eﬀect of microwave irradiation on lipid vesicle stability was
signiﬁcant. Already after one minute of treatment we have observed
ﬂuorescein leakage from lipid vesicles. The eﬀect increased with increasing microwave power output. Saalman et al. [65] have showed
that 2.45 GHz microwave irradiation signiﬁcantly increased membrane
permeability. Also, Orlando et al. [66] reported similar observations. In
these experiments, however, lipid vesicles were subjected to long exposure times (several hours), whereas we exposed treated samples to
microwave irradiation only for a short time.
The most detrimental mechanical treatments for lipid vesicles were
vortex mixing with glass beads, ultrasound and hydrodynamic cavitation. The eﬀect of vortex mixing was strongly increased when glass
beads were added to the lipid solution. The number of vesicles and the
volume of vesicles decreased signiﬁcantly already after 4 min of vortex
mixing with beads. Interestingly the ﬂuorescence intensity of the remaining lipid vesicles decreased only slightly. This indicates that upon
vigorous vortex mixing with glass beads lipid vesicles disintegrate and
reseal to smaller vesicles almost instantaneously with no signiﬁcant loss
of ﬂuorescein in the remaining vesicles.
Both, ultrasound and hydrodynamic treatment produced bubbles.
During cavitation, when the bubble violently collapses extreme environmental conditions may be present. In collapsing bubble so called
“hot spots” (~4500 K [39]) are created, it is expected that high shear
stress exist during microjet bursts (shear rate in excess of 100000 s−1
[67], high ﬂuid velocities ~100 m/s [40]), with resultant pressure
waves and formation of free radicals. The collapse of bubbles during
sonication is frequently correlated with the formation of free radicals
[42]. Formation of highly reactive free radicals is very eﬀective for
vesicle disintegration as free radicals oxidize phospholipids. Our results
for free radicals are consistent with the notion that oxidation of lipid
bilayers leads to pore formation, destabilization and disintegration of
bilayers [68]. Nevertheless, the exact mechanism of lipid vesicle disruption by ultrasound is still unknown. It is expected that low frequency
ultrasound induces vesicle leakage by sonoporation due to pressure

Fig. 7. Summary of relative importance of diﬀerent environmental stressors on
lipid vesicle stability. The data represent values of average vesicle volume,
average vesicle ﬂuorescence and number of vesicles relative to the untreated
control. Red dot on graph represents the untreated control (all values are equal
to 1.0). Abbreviations: F/T (−80 °C) – freezing-thawing at −80 °C; 80 °C –
heating on 80 °C; glc (5%) – glucose (5%); 20000×g – centrifugation at
20000×g; EtOH (10%) – ethanol (10%); 1800 bar – high pressure (1800 bar);
beads (3000 rpm, 4 min) – vortex mixing with beads at 3000 rpm for 4 min; HC
(100 passes) – hydrodynamic cavitation (100 passes); Fenton – FeSO4 + H2O2
(2.5 mM). (For interpretation of the references to colour in this ﬁgure legend,
the reader is referred to the web version of this article.)

for the worst-case scenario (i.e. the highest magnitude of the parameter
used in this study) is given in Fig. 7. Several 2D slices such as vesicle
volume : ﬂuorescence, volume : number, and vesicle ﬂuorescence :
number are given in Supplementary Fig. S19. Vesicles responded to
diﬀerent environmental stressors either by changing volume, intravesicular ﬂuorescein concentration, the number of vesicles, or a
combination of this parameters.
This suggests that there are several mechanisms at work in decreasing lipid vesicle stability. Compared to other stressors, HC is a very
eﬀective method for lipid vesicle disintegration. It eﬀectively decreases
the number and size of lipid vesicles. The eﬀect of hydrodynamic
treatment on lipid vesicles is comparable to the eﬀect of ultrasound
with more pronounced decrease of vesicle number and higher ﬂuorescence intensity of the remaining vesicles. HC reduces the number of
lipid vesicles as eﬀectively as free radicals; however, the volume of the
remaining vesicles is smaller with higher ﬂuorescence intensity.
4. Discussion
The ﬁeld of liposome research is immense. Due to their biological
signiﬁcance (i.e. bacterial membrane model system) and applications in
diﬀerent industries and medicine lipid vesicles and their stability remain an active area of research. In this study we have used hydrodynamic cavitation to destroy lipid vesicles and compared its eﬀect to
other chemical, physical and mechanical treatments. By normalizing
diﬀerent treatments to untreated control, we were able to compare the
eﬀect of diﬀerent physico-chemical treatments on vesicle stability. The
results clearly demonstrate that hydrodynamic cavitation is a very effective treatment method to destroy lipid vesicles. In the following we
discuss diﬀerent mechanisms of liposome destruction in order to infer
possible mechanisms of lipid vesicle destruction by hydrodynamic cavitation.
One can imagine several mechanisms of lipid vesicle disruption that
induce leakage of ﬂuorescein from vesicles. Vesicles can become transiently porous and leak ﬂuorescein with no substantial volume change
during the process (e.g. electroporation). Lipid pores may form on a
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oscillations and cavitation eﬀects [69–71]. Ultrasound induced pores
reseal as soon as the ultrasound is ceased and leakage from the vesicles
stops [31,70,72,73]. Whereas most pores would be transient, allowing
molecular transport before healing, some pores may grow to a critical
size and cause liposome destruction [31,74]. In general terms our results are consistent with pore formation and fragmentation to smaller
size vesicles upon ultrasound treatment. It has been reported that
higher sonication frequencies cause vesicle reduction to smaller diameters [75]. Size distribution of vesicles in our experiments shifted
towards smaller size with increasing amplitude of ultrasound. This is in
agreement with the fact that ultrasound is used to prepare small unilamellar vesicles from large multilamellar vesicles [69,76]. Although
our results agree with this ﬁndings there were some inconsistencies.
Most notably a subpopulation of vesicles was resistant to sonication and
even at increased ultrasound amplitude there was only a limited change
of volume or leakage from the resistant vesicles. The volume of resistant
vesicles unexpectedly slightly increased at higher amplitudes.
Similar cavitation phenomena may be induced by hydrodynamic
cavitation. In this case, it is the acceleration of the ﬂuid ﬂow which
causes local pressure to drop and induces bubble formation [38]. Although in principle both sono and hydrodynamic cavitation induce
bubble formation the eﬀects may diﬀer (i.e. number of pressure pulses
and cavitation intensity) [77,78]. We have induced cavitation bubble
formation in a hydrodynamic ﬂow with Venturi restriction. Results
imply that hydrodynamic cavitation has a dramatic eﬀect on vesicle
stability comparable in magnitude to the eﬀect of sonication, vortex
mixing with glass beads, and free radicals. It proceeds from large vesicles to progressively smaller vesicles. The transformation from large
to small vesicles must be fast as the remaining vesicles have approximately the same amount of ﬂuorescein as untreated vesicles, which
suggest a quick resealing of disrupted vesicles.
Application of sonication is widely used as cleaning or dispersing
mechanism [79–81], on the other hand hydrodynamic cavitation is less
commonly applied but much easier to induce. However, this is changing
rapidly as many diﬀerent applications of hydrodynamic cavitation are
emerging nowadays [82–84]. Here, we showed for the ﬁrst time that
hydrodynamic cavitation is a powerful new tool to destroy lipid bilayers. Because lipid bilayer integrity is crucial for cell viability it is
possible that reported bacterial inactivation by hydrodynamic cavitation is at least in part due to membrane disruption [48]. It remains to be
seen if the disruption of membrane in more complex systems (i.e.
bacterial spheroplast which lack bacterial cell wall or bacterial cells) by
hydrodynamic cavitation is also very eﬀective.

Appendix A. Supplementary data
Supplementary data to this article can be found online at https://
doi.org/10.1016/j.ultsonch.2019.104826.
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